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A series of photoswitchable, R-helical peptides were studied using two-dimensional infrared spectroscopy
(2D-IR). Single-isotope labeling with 13C18O at various positions in the sequence was employed to spectrally
isolate particular backbone positions. We show that a single 13C18O label can give rise to two bands along the
diagonal of the 2D-IR spectrum, one of which is from an amide group that is hydrogen-bonded internally, or
to a solvent molecule, and the other from a non-hydrogen-bonded amide group. The photoswitch enabled
examination of both the folded and unfolded state of the helix. For most sites, unfolding of the peptide caused
a shift of intensity from the hydrogen-bonded peak to the non-hydrogen-bonded peak. The relative intensity
of the two diagonal peaks gives an indication of the fraction of molecules hydrogen-bonded at a certain
location along the sequence. As this fraction varies quite substantially along the helix, we conclude that the
helix is not uniformly folded. Furthermore, the shift in hydrogen bonding is much smaller than the change of
helicity measured by CD spectroscopy, indicating that non-native hydrogen-bonded or mis-folded loops are
formed in the unfolded ensemble.
Introduction
Two-dimensional infrared spectroscopy has the potential to
unravel information about molecular structure and dynamics
which cannot be obtained from a linear spectrum. Although the
diagonal peaks resemble in principle the linear absorption
spectrum, two absorption bands close in frequency are better
resolved on the diagonal in the 2D-IR spectrum than in the linear
spectrum, because the intensity scales quadratically with extinction coefficient in a 2D-IR spectrum; i.e., backgrounds from
weak but higher concentration bands, such as from the solvent,
are very efficiently suppressed.1 Moreover, the line shape of
the diagonal peaks show clearly the contributions of homogeneous and inhomogeneous broadening.2 The separation between
the bleach and excited state absorption reports on the system’s
anharmonicity. In addition to the diagonal peaks, a 2D-IR
spectrum might have off-diagonal features (cross-peaks). For
instance, if two molecular groups are close to each other in
space, the two vibrational transitions might couple, resulting in
a cross-peak in the 2D-IR spectrum, giving structural information.3–8
An off-diagonal peak could also occur if two diagonal peaks
originate from two different species which exchange on the time
scale of the experiment.9–11
As 2D-IR spectroscopy becomes a more developed technique,
the complexity of the systems studied with it is increasing. In
the early stages, for the biophysical field, a lot of work was
carried out on simple model systems like N-methyl acetamide
(NMA)9 and small peptides3,12,13 focusing on the amide I
vibration. More recently, large peptides14,15 and proteins5,16
sometimes even embedded in a membrane17,18 have been studied.
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To obtain site selective information, 2D-IR spectroscopy is often
used in combination with isotope labeling14,17,18 to spectrally
isolate one vibration from all of the others.
Hochstrasser and co-workers have studied the 2D-IR spectroscopy of R-helical peptides, employing extensive isotope
labeling.14,19 Nevertheless, we are not aware of any systematic
study of 2D-IR spectroscopy in relation to the degree of helicity
of a peptide. It is well-known that the amide I vibration shifts
to a lower frequency by about 20 cm-1 upon hydrogen
bonding.20 This effect has been shown clearly for a solution of
NMA, the prototype molecule for the amide I vibration, in
methanol. In this case, a close to 50%/50% equilibrium exists
between single and double hydrogen-bonded forms of the NMAcarbonyl group,21 giving rise to a double peak structure that
has been investigated with linear absorption and 2D-IR spectroscopy.9 Intramolecular hydrogen bonding is the major reason
for the overall frequency shift of the amide I band upon helix
formation, and has been used before in numerous studies
utilizing linear absorption spectroscopy.22–24 Here, we will
expand this type of study to 2D-IR spectroscopy. One way of
decreasing the helicity of a peptide would be by increasing the
temperature.25–29 However, vibrational transitions would also
broaden as a result of the elevated temperature, complicating
the interpretation of the spectra.
As another way to control the helicity, we utilize here a
photoswitch attached to a peptide in such a way that it stabilizes
or destabilizes its helical content depending on the conformation
of the photoswitch. We use an azobenzene moiety which has
been used recently in a number of studies24,30–35 as a photoswitch
(Figure 1). If the azobenzene switch is in the trans state, its
end-to-end distance roughly matches three helix loops, thereby
stabilizing the helicity of the peptide. In contrast, in the cis state,
the end-to-end distance is too small and the helix is severely
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Figure 1. Schematic drawing of the peptide with the azobenzene
moiety in the folded (azobenzene in trans conformation) and unfolded
(cis conformation of azobenzene) state.52

destabilized. The amino acid sequence for the peptides explored
herehashighhelixpropensity,Ac-AACAK5AAAAK10AAACK15ANH2. The azobenzene moiety is attached via the two cysteines.
Switching the azobenzene switch from the trans to the cis state
reduced the helicity of the peptide from roughly 70 to 20% at
T ) 4 °C, as judged from CD spectroscopy.24 To obtain site
specific information, isotope labeled amino acids were incorporated. We used 13C18O labeled amino acids, which lowers
the vibrational frequency of the amide I vibration by ∼70
cm-1.14,19,36 As we will see, the frequency shift of 13C16O (∼35
cm-1) is not necessarily sufficient to truly separate the band
from the main amide I band.37,38
Four different isotopomers were investigatedsL4, L7, L9,
and L11swhere the number identifies the 13C18O labeled site
counted from the N-terminus. For comparison, we will also
present data on double-labeled samples, i.e., one amino acid
13 18
C O labeled and another 13C16O labeled. Specifically, we will
present 2D-IR spectra of L47, L74, and L96, where the first
and second number specifies the 13C18O and 13C16O labeled
amino acid, respectively. Our experimental data are corroborated
by simulated 2D spectra based on molecular structures obtained
by MD simulations.
Experimental Section
Infrared absorption spectra were collected on a commercial
Fourier transform infrared spectrometer (FTS 175 C, Bio-Rad).
2D-IR spectra were measured with a revised version of the
home-built actively phase-stabilized 2D-IR photon echo setup
described previously.39,40 Briefly, an IR pulse (1580 cm-1, ∼100
fs and 140 cm-1 fwhm) generated by a Ti:S pumped OPA
combined with a difference frequency mixing stage was split
into three equally strong pulses (∼0.5 µJ each) to excite the
sample and into two weak pulses (a local oscillator, LO, and a
tracer beam for alignment purposes). To avoid unbalanced chirps
in the pulses, compensation plates were used to make the amount
of glass the same in the pulse pairs. The third order polarization
emitted in the -k1 + k2 + k3 direction was interfered with the
LO in a balanced detection arrangement41,42 and the two outputs
subsequently dispersed in a spectrometer (Triax Series) and each
imaged onto 31 pixels of an array detector (Infrared Associates).
The two signals from the balanced detection were subtracted
to retrieve the third order signal. Pulse k3 was phase cycled by
means of a photoelastic modulator to remove scattering.43 Purely
absorptive 2D-IR spectra were obtained by summing the
rephasing and nonrephasing signals, which were obtained by
interchanging the time ordering of pulses 1 and 2. All beams
were polarized in parallel.
The data were collected with time steps of 25.34 fs (locked
to the HeNe wavelength,40 under-sampling, vibrational period
of amide I′ is ∼20 fs) up to 6.5 ps for both the rephasing and
nonrephasing signals, resulting in a spectral resolution after
Fourier transformation of ∼5 cm-1 along the pump axis. The
spectral resolution of the spectrometer (probe axis) was 3.75
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and 2.4 cm-1 for the single and double isotope labeled data,
respectively. The waiting time T was set to 300 fs.
Phasing of the 2D-IR spectra was performed by comparing
the projection of the purely absorptive 2D spectrum onto the
probe frequency axis to a pump-probe spectrum recorded after
broadband excitation (projection slice theorem).44 Since the
pump-probe signal for the isotope label is very small, we used
either the main band at ∼1640 cm-1 or the signal from NMA
dissolved in water for determining the phase (the spectral phase
is basically constant over the IR pulse). The correctness of this
procedure was double-checked by comparing the photon-echo
2D spectra after rephasing with pump-probe 2D data for some
of the samples.
The R-helical peptide (sequence Ac-1AACAK5AAAAK10AAACK15A-NH2) was prepared by standard Fmoc-based
solid phase peptide synthesis methods (GL Biochem Ltd.
Shanghai). The 18O amino acid was prepared by H218O
exchange.45 The natural abundance of 13C results in roughly 16%
of the helices having a randomly distributed 13C16O group
present in the peptide. In addition, the 13C16O group brought in
on purpose is present for the double-labeled peptides (L47, L74,
and L96). From mass spectrometry, we conclude that in the
double labeled peptides at least 85% of the molecules have both
13 18
C O and 13C16O labels, while in the single labeled peptides
more than 99% has a 13C18O label.
The photoswitch was linked to the cysteines as described
earlier.30 To minimize perturbation of the amide I′ region of
the spectrum by vibrational transitions from the photoswitch,
the benzene rings were completely 13C labeled.46 After removing
TFA by liquid chromatography, the samples were dissolved in
10 mM phosphate buffer (D2O, pD ∼6) at a concentration of
∼3 mM. This was just below the onset of aggregation (at higher
concentrations, FTIR difference spectra became concentration
dependent). The samples were held between two CaF2 windows
with a 30 µm spacer for both the linear absorption and the 2DIR measurements. The cis state of the photoswitch was prepared
by irradiating the samples with a light emitting diode (LED) at
375 nm (∼15 mW, fwhm 12 nm). The thermodynamically more
stable trans state could be reobtained by raising the sample’s
temperature to 40 °C for a few minutes. The experiments were
performed at 4 °C, to maximize the change of helicity between
both states, and to obtain as narrow as possible absorption lines.
Simulations of 2D-IR spectra are based on equilibrium MD
simulations of a similar cross-linked peptide (i.e., AcAACAR5AAAAR10AAACR15A-NH2) with the azo-linker in
either the cis or the trans configuration. In total, 1000 statistically
independent snapshot structures, spaced by 10 ns, at 281 K were
obtained for each conformation from a 10 µs replica-exchange
molecular dynamics simulation (REMD) with implicit solvent
(see ref 24 for simulation details).
For each snapshot structure, we calculated a spectroscopic
Hamiltonian for the amide I modes along the lines of ref 47.
Nearest neighbor coupling between amide I vibrations was taken
from a (φ,ψ)-dihedral map which has been precalculated on the
B3LYP 6-31+G* level of theory.48 The coupling of more distant
peptide units was calculated according to the transition charge
model. The intrinsic (uncoupled, unlabeled, and non-hydrogenbonded) amide I frequencies of all sites were fixed to 1655 cm-1.
13 18
C O isotope labeling was introduced by lowering the corresponding amide I frequency by -69 cm-1.49 The additional
effect of hydrogen bonding to either the backbone, the azolinker, or the guanidinium group of the Arg side chains was
taken into account by introducing an additional frequency shift:
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δω ) -∆(2.6 Å - rO · · · H)
whenever the hydrogen-bond length rO · · · H was shorter than the
threshold value of 2.6 Å. We considered only hydrogen bonds
with an angle smaller than 60° but found that this threshold
does not make any qualitative difference. The proportionality
constant was set to ∆ ) 30 cm-1/Å, resulting in a hydrogen
bond shift of ca. 20 cm-1 at a typical hydrogen bond distance
of 2 Å. As the MD simulation was with implicit water to allow
for a full sampling of the conformation space, we could not
introduce the effect of hydrogen bonding to water molecules.
The CdO local mode anharmonicity was set to 16 cm-1. The
spectroscopic Hamiltonian was diagonalized, each transition was
masked with a homogeneous width of 10 cm-1 (fwhm), and
the resulting 2D-IR spectra were averaged over the 1000
snapshot structures from the REMD simulation.
Results
In Figure 2, the IR absorption spectra for four different
peptides in the folded state (trans configuration of the photoswitch), with a 13C18O isotope label at position 4, 7, 9, or 11
along the helix, are plotted in black. For all peptides, we observe
a strong absorption band at ∼1640 cm-1, originating from the
amide I′ mode (CdO stretch vibration) of all nonisotope labeled
amino acids. The small peak at 1545 cm-1, visible for all
peptides, is assigned to ring modes of the 13C labeled azobenzene
moiety.46 Furthermore, the spectra show small absorption bands
at ∼1570 and/or 1590 cm-1, which will be assigned below.
Upon irradiation with the LED initiating unfolding of the
peptide, the spectrum slightly changes (Figure 2, red lines). The
main band shifts to higher frequency and the intensity of the
small bands at 1570 and 1590 cm-1 also changes. The spectral
changes between the folded and unfolded spectra are clearer in
the difference spectra (folded minus unfolded state, gray curves
in Figure 2).
The 2D-IR spectra of the four single-isotope labeled samples
in the folded state (trans configuration of the photoswitch) are
depicted in the left column of Figure 3 where we focused on
the region between 1525 and 1640 cm-1. All spectra show peaks
on the diagonal, which to a great extent parallel the absorption
spectra presented in Figure 2. However, the appearance of the
peaks is much more pronounced in the 2D-IR spectra, because
background bands are suppressed due to the nonlinear nature
of the 2D-IR response.1 Moreover, the anharmonicity of the
main band is smaller due to its delocalization, enhancing the
2D-IR bands of the isotope labeled group in a relative sense.

Figure 2. Infrared absorption spectra of four different peptides of 16
amino acids with one amino acid along the chain labeled with 13C18O
for the folded and the unfolded state. At the bottom of every panel,
the difference spectrum (offset and multiplied by 2) is depicted as folded
minus unfolded state. Isotopomers L4, L7, L9, and L11 have been
measured, where the number refers to the position of a 13C18O labeled
amino acid in the sequence. All spectra were measured at T ) 4 °C.

Figure 3. Purely absorptive 2D-IR spectra of the peptides in the folded
(left) and unfolded (middle) state taken at T ) 4 °C. The right panel
shows the spectra for the folded minus the unfolded state. Blue and
red colors indicate negative and positive absorption change, respectively.
The contour lines represent a linear scale. All spectra are plotted with
the same intensity scaling.

Clearly, L4 has two peaks, one at 1570 cm-1 and a weaker one
at 1590 cm-1. In contrast, L7 has a strong peak around 1590
and a weak one at the other position. L9 shows the peak at the
lowest frequency with a small shoulder at high frequency, while
L11 has both peaks with roughly equal intensity. In none of
the spectra, a cross-peak between the two peaks at 1570 and
1590 cm-1 is observed. Some spectra show cross-peaks between
these two bands and the main band (lower right corner), which
reflect the coupling of the labeled unit to the rest of the helix.
One might argue that the naturally present 13C16O (in ∼16%
of the helices) gives rise to the band at 1590 cm-1. However,
on the basis of the reduced mass, this vibrational transition is
expected at 1605 cm-1. Moreover, if the band originates from
13 16
C O, one would expect the intensity of the band to increase
in double labeled samples where essentially all peptides have a
13 16
C O label instead of the naturally abundant 16%. Figures 4
and 5 depict linear absorption and 2D-IR spectra of the double
labeled samples L47 (i.e., 13C18O at position 4, 13C16O at position
7), L74, and L96. Clearly, for L47 and L74, the expected
increase in the band at 1590 cm-1 is not visible; the spectra of
L47 and L74 look essentially the same as those of L4 and L7,
respectively. For L96, in contrast, a peak at 1590 cm-1 appears
that is hardly present in L9, which indeed seems to originate
from 13C16O. Apparently, 13C16O labeling is not always sufficient
to safely isolate the amide I′ vibration from the main band.
Surprisingly, at least for L47 and L74, the two bands at 1570
and 1590 cm-1 originate from one and the same 13C18O isotope
label, and must reflect a structurally inhomogeneous sample.
To learn about the origin of the two 13C18O bands, we
investigate in the following how they change upon unfolding
of the molecule (achieved by irradiating the sample with an
LED at 375 nm). Again, the 2D-IR spectrum consists mainly
of diagonal peaks (Figure 3, middle panel). By comparing the
left and middle panels of Figure 3, we observe mainly intensity
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Figure 4. Infrared absorption spectra of the double labeled peptides
in both the folded and unfolded state. One amino acid along the chain
has been labeled with 13C18O and a second one with 13C16O. At the
bottom of every panel, the difference spectrum (offset and multiplied
by 2) is depicted as folded minus unfolded conformation. Isotopomers
L47, L74, and L96 have been measured, where the first and second
number refers to the position of a 13C18O and a 13C16O labeled amino
acid, respectively. The spectra were measured at T ) 4 °C.
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Figure 6. Top: Simulated purely absorptive 2D spectra for the single
labeled peptide L4 at T ) 8 °C in the folded (left) and unfolded (right)
state. The number refers to the position of a 13C18O labeled amino acid
in the sequence. Bottom: diagonal cut through the 2D spectra. Note
the different scaling of the x-axis in the bottom panel.

between the molecule in the folded and unfolded state (high
helicity minus low helicity). Again, all major changes are on
the diagonal. A plus/minus feature in the difference spectrum
of L9, encoded by the colors blue/red, indicates a decrease of
band intensity.51 The blue-red/red-blue pattern for L4 and L11
represents population transfer from the low frequency band to
the high frequency one (i.e., decrease of intensity of the lowfrequency band and increase of intensity of the high-frequency
band). Due to the proximity of the two bands, the two blue
features merge into one. L7 shows the opposite of L4, indicating
population transfer from the high frequency peak to the low
frequency one upon unfolding.
Discussion

Figure 5. Purely absorptive 2D-IR spectra of the double labeled
peptides in the folded (left) and unfolded (middle) state taken at T )
4 °C. The right panel shows the spectra for the folded minus the
unfolded state. Blue and red colors indicate negative and positive
absorption change, respectively. The contour lines represent a linear
scale. All spectra are plotted with the same intensity scaling.

shifts between the two peaks, which are most obvious for L4,
where the high frequency absorption band is now the most
intense one in the unfolded state. For L7, the lower frequency
band gets relatively more intense and the higher frequency band
shifts to lower frequency. In contrast, for L9, not much
difference between the folded and unfolded state is observed
besides a small intensity decrease. The high frequency peak for
L11 gains some intensity upon unfolding. The double labeled
samples L47 and L74 show exactly the same behavior as L4
and L7, respectively, upon unfolding (Figure 5). Moreover, in
general, the peaks of the unfolded state look slightly more tilted
along the diagonal than the ones for the folded state, illustrating
that the unfolded state is structurally more inhomogeneous.24,32,50
To stress the influence of the helicity on the 2D-IR spectrum,
we plot in the right panel of Figures 3 and 5 the difference

Two bands for one 13C18O isotope label must indicate that
there are two distinctively different conformations for each
carbonyl group. From DFT calculations, it is known that a
hydrogen bond lowers the vibrational frequency of an amide I
band by roughly 20 cm-1.20 Also, for a small peptide in
acetonitrile, two peaks with a difference of ∼20 cm-1 have been
observed for a particular amide I mode. These were assigned
to a closed ring with an intramolecular hydrogen bond and an
open structure without a hydrogen bond.7 In line with this
previous work, we assign the double-peak structure observed
in our data as from an essentially free CdO group and from a
hydrogen-bonded CdO group. The hydrogen bond (to the
backbone, to a lysine side-chain, or potentially to a surrounding
water molecule) is responsible for the ∼20 cm-1 downshifted
band. Since the two bands come from different molecules, this
also explains why no cross-peaks due to direct couplings are
observed.3–8 Furthermore, on the time scale of this experiment,
we do not expect any exchange process to happen,9–11 since the
kinetics of hydrogen bonding is dictated by the relatively slow
backbone dynamics.
This peak assignment is corroborated by spectral simulations.
For one particular sample, L4, the 2D spectra in the folded and
unfolded state together with the diagonal cuts are depicted in
Figure 6. Clearly, the spectrum shows the two bands at around
1570 and 1590 cm-1 like the experimental spectra in Figure 3.
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Figure 7. Top: Diagonal cuts through the 2D-IR spectra of the folded
and unfolded state of Figure 3. To obtain these diagonal cuts, the data
are zero padded so that the resolution on the pump axis matches the
one on the probe axis. Bottom: Relative amount of hydrogen-bonded
species (peak height of low frequency peak divided by the sum of the
peak heights of the low and high frequency peak).

Moreover, upon unfolding the peptide, the high frequency peak
gains intensity, while the low frequency peak loses intensity.
The important outcome of this simulation is, like in the
experimental spectra, the bimodal hydrogen-bond distribution,
i.e., either a relatively strong hydrogen bond or no hydrogen
bond, rather than a continuous distribution of all hydrogen-bond
strengths. This bimodal behavior is dictated by the conformational constraints of the peptide backbone.
In the folded ensemble, the lower-frequency (hydrogenbonded) peak is the stronger one for most sites, as expected
(see Figure 3). Upon irradiation with 375 nm light, the peptide
starts to unfold and clearly for L4 and L11 the intensity ratio
of the two peaks reverses: more unbound CdO groups appear
at positions 4 and 11. Surprisingly, L7 does exactly the opposite:
the highest intensity is for the unbonded CdO group in the
folded state. Upon unfolding, part of the intensity is transferred
to the hydrogen-bonded peak. Nevertheless, this per se unexpected behavior of L7 is consistent with our previous kinetic
studies of the folding process.24 From the varying intensities of
the hydrogen-bonded peaks, we conclude that the helical content
is not uniform along the sequence. This conclusion is in line
with work done by Huang et al.22 and with our previous paper
where we conclude that each site has its own folding kinetics.24
2D-IR spectroscopy efficiently suppresses the background
contributions from numerous weaker bands, allowing two
distinct peaks for hydrogen-bonded and non-hydrogen-bonded
13 18
C O labels to be observed much more clearly in the 2D-IR
spectra (Figure 3) than in the 1D spectra (Figure 2). This allows
the quantification of the amount of hydrogen bonding of the
various sites in both the folded and unfolded state. In the top
panel of Figure 7, the diagonal cuts through the 2D-IR spectra
from Figure 3 are depicted. The two peaks and the changes
upon unfolding are clearly visible. The amount of hydrogen
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bonding can be expressed as the ratio of the height of the
hydrogen bonding peak at 1570 cm-1 and the sum of the peak
heights at 1570 and 1590 cm-1, which is shown in the bottom
panel of Figure 7. All sites apart from site 7 show a decrease in
the amount of hydrogen bonding upon unfolding, with the most
pronounced change occurring for site 4. The appearance of two
peaks for almost all sites even in the folded state indicates that
it is actually not fully folded. According to CD spectroscopy,
the folded state is ∼70% helical, in approximate agreement with
the ∼60% hydrogen-bonded peptide units, when averaging over
sites L4, L7, L9, and L11. Comparison of these numbers
indicates that nonhelical peptide units actually are not hydrogenbonded to any other partner, not even to surrounding water
molecules. Hence, the amide groups we investigated here must
sit in a relatively hydrophobic environment. Indeed, a small
peptide in the nonprotic solvent acetonitrile showed the same
high frequency (non-hydrogen-bonded) peak in an open conformation.7 Presumably, the azobenzene switch shields the
central part of the peptide from the solvent and is responsible
for building an apolar core. Indeed, 2D-IR spectra of another
helical peptide in water, without the azobenzene switch, were
solely explained on the basis of various isotope substitutions.14,19
However, the present study suggests that additional band
splittings due to hydrogen bonding might play a role as well.
From CD, it is known that the helicity changes from 70 to
20% upon unfolding the peptide.24 Interestingly, the fraction of
hydrogen bonding changes much less (from ∼60 to ∼45%,
averaged over sites L4, L7, L9, and L11). Apparently, the CdO
group in the unfolded state finds other hydrogen bond partners,
such as other backbone groups or lysine side chains. Although
we cannot rigorously exclude that hydrogen bonding to water
molecules plays a larger role in the unfolded state, this
observation provides strong experimental evidence that one
should think of the unfolded state more as misfolded, with many
non-native contacts, i.e., backbone hydrogen bonds other than
the R-helical i f i + 4 hydrogen bonds and hydrogen bonds to
the lysine residues. This conclusion is in full agreement with
recent MD simulations.24,52
Conclusion
2D-IR measurements on single 13C18O isotope labels placed
at different positions on a 16 residue helical photoswitchable
peptide reveal clearly two amide I peaks at 1570 and 1590 cm-1.
Modulating the folded state of the peptide with the photoswitch
allows one to interpret these features as being due to hydrogenbonded and non-hydrogen-bonded CdO groups of the peptide
units. The similarity of the 2D-IR spectra of the single and
double isotope labeled photoswitchable peptide samples illustrates that one has to be very careful when interpreting 2DIR spectra. The spectra of the double labeled samples give the
impression that both the 13C18O and 13C16O vibrations are visible,
whereas the results from the single isotope labeled peptides
unequivocally say that the two peaks have to be assigned to
hydrogen-bonded versus non-hydrogen-bonded peptide units for
most of the sites in the sequence. Clearly, 2D-IR spectra can
be easily misinterpreted.
Cross-peaks in a 2D-IR spectrum are often used to give
information about the structure of the molecule, because they
indicate if two vibrations are in close vicinity.3–8 Given the
intrinsic high time resolution of 2D-IR spectroscopy, structural
information can also be obtained during ultrafast conformational
transitions. In other words, the appearance or disappearance of
a cross-peak during a conformational transition could indicate
that two molecular groups turn to each other or away from each
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other, respectively, as recently illustrated for the opening of a
β-turn.53 Along this line, one might expect to follow folding or
unfolding of an R-helix by the change in cross-peak between
the CdO group of amino acid i and the one of amino acid i +
3. As a protein or peptide has many CdO oscillators with all
roughly the same vibrational frequency, double isotope labeling,
e.g., 13C18O and 13C16O has to be used to get site specific
information. Unfortunately, as shown in this paper, the 13C16O
band does in general not show up in the 2D-IR spectrum as an
isolated vibration, so that a specific cross-peak between two
CdO groups to follow the (un)folding is also not present in
the spectrum. Recently, Meakawa et al.54 have proposed an
alternative approach. They used 13C18O labeling in combination
with 15N labeling, and observed a cross-peak between the amide
I mode of the amino acid with the 13C18O label and the amide
II mode of the amino acid with the 15N label in a 310-helix.
This method of isotope labeling might open up the way to follow
how two molecular groups in a helix turn to each other or away
from each other in the folding process, which is one of the big
goals in understanding protein folding.
As shown here, the diagonal peaks in a 2D-IR spectrum of
an isotope labeled peptide give a great deal of information. The
appearance of both the hydrogen-bonded and the non-hydrogenbonded states provides an opportunity to unravel with unprecedented detail local hydrogen bond equilibria, at least in a
hydrophobic environment, such as inside a protein. The two
peaks are much clearer in the 2D-IR spectra than they are in
the linear absorption spectra (compare Figure 2 with the cuts
along the diagonal of the 2D-IR spectra in Figure 6). Upon
unfolding or folding, the ratio of the two peaks clearly changes.
This opens a way to study in great detail the local folding
characteristics of the helix. We find that the helix is structurally
heterogeneous even in the folded state. Furthermore, the
averaged amount of hydrogen bonding in the folded state
roughly parallels the helicity measured by CD spectroscopy,
whereas both quantities differ significantly in the unfolded state.
Hence, the unfolded state must form non-native contacts to either
the peptide backbone or lysine side chains, and one should think
of it more as misfolded rather than unfolded. In the future, we
expect that transient 2D-IR experiments53 will allow one to
observe these hydrogen bond switching events during the folding
process in greater detail.
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